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Abstract
Quantitative optical microscopy has become the norm, with the confocal laser-scanning microscope being the workhorse of many imaging laboratories. Generating quantitative data requires a greater emphasis on the accurate operation of the microscope itself, along with proper
experimental design and adequate controls. The microscope, which is more accurately an imaging system, cannot be treated as a “black box” with the collected data viewed as infallible.
There needs to be regularly scheduled performance testing that will ensure that quality data are
being generated. This regular testing also allows for the tracking of metrics that can point to
issues before they result in instrument malfunction and downtime. In turn, images must be
collected in a manner that is quantitative with maximal signal to noise (which can be difficult
depending on the application) without data clipping. Images must then be processed to correct
for background intensities, fluorophore cross talk, and uneven field illumination. With advanced techniques such as spectral imaging, Förster resonance energy transfer, and
fluorescence-lifetime imaging microscopy, experimental design needs to be carefully planned
out and include all appropriate controls. Quantitative confocal imaging in all of these contexts
and more will be explored within the chapter.

7.1 THE CLASSIC CONFOCAL: BLOCKING OUT THE BLUR
Widefield microscopy can often provide acceptable resolution, reasonable contrast,
and fast acquisition rates. However, if the sample thickness is more than 15–20 mm,
then in-focus features are obscured by blur from out-of-focus regions of the sample.
By imaging through a well-placed pinhole, a confocal microscope blocks the out-offocus light coming from above and below the plane of focus, thereby reducing blur
and producing a sharp image of the sample (Fig. 7.1). For thick samples, this optical
sectioning property is the confocal’s main advantage. Its ability to reject the out-offocus light and build high-resolution, high-signal-to-background, 3D image stacks of
thick samples (>20 mm) makes the confocal laser-scanning microscope (CLSM) a
crucial tool for life sciences researchers.
The confocal principle is shown schematically in Fig. 7.2. The excitation and
emission light paths use the example of a green fluorophore (e.g., EGFP or FITC).

7.1 The classic confocal: Blocking out the blur

FIGURE 7.1
A confocal microscope allows you to do optical sectioning in thick specimens by removing
the out-of-focus blur. This 15 mm thick mouse kidney tissue was imaged with equivalent
63/1.4 NA oil objectives on both (A) a widefield and (B) a laser-scanning confocal
microscope.

A collimated laser beam (l ¼ 488 nm to excite EGFP) is reflected by a dichroic beam
splitter and then focused by an objective lens to a diffraction-limited spot in the sample (Fig. 7.2A). Fluorescence is generated within the cone of illumination that includes but is not limited to the focused spot. The objective lens collects the
fluorescence signal emitting from excited fluorophores from within the focal plane
and forms a collimated beam, which passes back through the dichroic beam splitter
and is focused through a pinhole onto a detector (Fig. 7.2B, green lines). Fluorescence from outside the focal point (e.g., from the surface of the sample) is not collimated by the objective so it will not be focused through the pinhole and is therefore
blocked (Fig. 7.2B, gray dashed line). This confocal arrangement collects the fluorescence signal from a single point at a time from within the sample, thus generating
the image one pixel at a time. In the classic CLSM, the laser beam is scanned across
the sample in a raster pattern and the computer assembles the pixels to form a 2D
image. This image is a single “optical slice” of the specimen. For a given objective
lens and fluorophore emission wavelength, the thickness of the slice depends on the
size of the pinhole that is used. As the pinhole diameter increases, the optical sectioning ability of the microscope decreases and approaches the performance of a
widefield microscope, whereas if the pinhole is closed too far, too much light is
rejected and a high-signal-to-noise (S/N) fluorescence image can no longer be generated. Theoretically, the optimal diameter for the pinhole is achieved when it
matches the diameter of the central peak of the Airy disk (the concentric ring pattern
generated by the diffraction of light; see Cole, Jinadasa, and Brown (2011) for more
details); this optimal pinhole size is referred to as 1 Airy unit (AU). In practice,
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FIGURE 7.2
The confocal principle, with the (A) excitation and (B) emission light paths separated out for
clarity. (A) A laser beam (blue lines) is focused down to a diffraction-limited spot in the
specimen, exciting fluorescence in the entire cone of illumination. (B) Fluorescence from
the focus (green lines) is collimated by the objective lens and focused by a second lens
through a pinhole onto the detector. Fluorescence that originates from outside the focus (e.g.,
from the surface of the specimen—gray dashed lines) is not imaged through the pinhole
and is therefore largely blocked.

however, opening the pinhole slightly to 1.25 AU produces 30% more signal for
only a nominal increase in slice thickness. For many samples, such as the 15 mm thick
tissue section shown in Fig. 7.3, the difference in slice thickness is almost indistinguishable when visualizing the images. In a similar way, the pinhole size can be set to
1 AU to obtain the best resolution for a fixed slide or opened somewhat to increase
photon throughput and thereby decrease phototoxicity for live-cell imaging experiments. It is possible to achieve a lateral resolution of 0.2 mm using a high numerical
aperture (NA) objective lens (e.g., 60 /1.4 NA oil immersion objective) and a
section thickness of 0.8 mm.
Once the settings are optimized for the collection of an image of a single slice,
the microscope’s motorized focus is used to move through the specimen, taking

7.1 The classic confocal: Blocking out the blur

FIGURE 7.3
A 15 mm thick tissue section imaged on a CLSM with a 63/1.4 NA oil objective with varying
pinhole settings. As the pinhole was varied from (A) 1 AU to (D) 5 AU, the laser power
was lowered to keep the intensity of the image the same. A considerable amount of blur is
evident in (D), but there is nearly no discernible difference in blur between (A) 1 AU and
(B) 1.25 AU, despite the fact that the latter allows for a reduction in laser power of about 30%.
(B) The slice thickness (blue line, left axis) and relative laser power required to produce
equivalent intensity image (red line, right axis) versus pinhole size, as measured on a CLSM. The
slice thickness is calculated in and reported by the software, and the laser power was adjusted
for each pinhole size to produce the same image intensity for all images.

additional image slices at each focus position. In order to adequately represent the
specimen, it must be sampled at approximately 3  higher frequency than the smallest feature that needs to be resolved (Nyquist theorem). So to create an accurate 3D
rendering and/or perform 3D measurements, a focus step size of about one-third of
the confocal slice thickness needs to be chosen (0.3–0.5 mm in our example for the
63 objective lens earlier in the text).
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Early CLSM designs were focused on optimizing the light path and pinhole setting to minimize out-of-focus light and attain the best possible resolution. The advent
of genetically encoded fluorescent proteins opened up the CLSM for diverse applications in live imaging that had never been imagined when these instruments were
first designed. This led to a focus on increasing speed and sensitivity in order to minimize photodamage and to accommodate rapid multicolor imaging of dynamics
within living samples. Imaging speeds and instrument sensitivity are very much
intertwined. In order to go fast, the instrument must collect and detect enough light
in a short period of time. Thus, an increase in sensitivity will also increase achievable
imaging speeds. Improved speed and sensitivity of detection have been made possible with advances such as acousto-optic devices (e.g., AOTF and AOBS), rapidly
scanning resonant galvanometric mirrors, GaAsP photomultiplier tubes (PMTs),
and hybrid detectors (HyDs). Spectral array detectors have improved in sensitivity
and allow the rapid collection of the entire sample emission spectra with one sweep
of the excitation lasers.

7.2 YOU CALL THAT QUANTITATIVE?
The modern CLSM is designed and built as an expansive quantitative device. Virtually all questions researchers are asking today require a rigorous quantitative
method of analysis, even for straightforward intensity or morphometric measurements. In the following sections, specific areas of quantification will be examined
along with recommendations for CLSM performance tests and metrics.

7.2.1 QUANTITATIVE IMAGING TOOLKIT
1. Chroma slides: These colored plastic microscope slides (www.chroma.com)
have broad excitation spectra, are bright and homogenous, and are photostable.
This makes them ideal specimens for quality control testing including checking
and/or correcting for nonuniform illumination.
2. Power meter: It can be helpful to directly measure the illumination intensity, both
accurately and reproducibly, without depending on the microscope’s detection
system. There are many different types of power meters, but a good choice is
one that has a sensor shaped like a microscope slide (www.ldgi.com/x-cite) for
easy and reproducible placement on both inverted and upright microscopes.
3. Subresolution microsphere slide: Slides containing subresolution microspheres
are needed to measure the instrument’s point-spread function (PSF) and
determine maximum resolution and objective lens quality. Detailed instructions
for how to prepare such slides can be found in Cole et al. (2011).
4. TetraSpeck microsphere slide: TetraSpeck microspheres contain four
fluorophores from blue to far red in color. They are available in many sizes for
testing and calibrating the coregistration of CLSM image channels. The
microsphere slide preparation in Cole et al. (2011) can also be used for preparing
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TetraSpeck slides; however, the microsphere solution is not diluted (Life
Technologies, Grand Island, NY, Cat. # T7284).
5. Mirror slide: A mirror slide is helpful for testing the spectral accuracy of any
spectral imaging CLSM (Cole et al., 2013). Mirror slides can be made by
evaporating gold onto a microscope slide or a coverslip. They can also be
purchased (Carl Zeiss, Jena, Germany, Cat. #000000-1182-440).
6. Micrometer: It is advisable to have a micrometer slide for initial microscope
spatial calibration and to periodically verify instrument calibrations. They can be
purchased from a number of sources (NY Microscope Company, Hicksville, NY,
Cat. # A3145, and VWR International, Radnor, PA, Cat. #470175-914).
7. Familiar test slide: Hematoxylin and eosin (H&E)-stained tissues are
excellent test specimens for checking fluorescently equipped microscopes,
especially confocal microscopes. The staining is robust, the material is easy to
obtain, and they have very broad excitation and emission spectra, are stable over
the long term, and have low photobleaching. Pathology departments or histology
cores will often give away H&E-stained specimens that have already been
imaged and archived and are no longer of use. Prepared H&E-stained liver
section microscope slides can also be purchased for $5.00 (www.carolina.
com). Note that since these types of sections are mostly prepared for histological
studies, they are not suitable for checking the resolution of the system. Begin
troubleshooting any problem with the microscope in bright field with the H&E
specimen. This will point to any issues with the objective lens or within the
light path (e.g., filter in place or a partially closed shutter). If the bright-field
image is clear, the H&E slide can also be used to test the fluorescence CLSM light
path. Molecular probes also sell thin (FluoCells prepared slide #1, Cat. #F36924,
BPAE cells) and thick (FluoCells prepared slide #3, Cat. #F24630, kidney
section) fluorescently labeled test slides.
In the following sections, we will present specific factors to keep in mind when performing quantitative imaging. Brief protocols for instrument testing or image analysis are found at the end of the chapter while more in-depth protocols can be found in
several publications (Cole et al., 2011, 2013).

7.2.2 LOCALIZATION AND MORPHOLOGY
At first glance, these areas may seem too simple to be included in a serious discussion of quantification; however, these are some of the most common imaging and
analysis experiments. High-quality data rely not only on the sample preparation
and adequate controls but also on the instrument operating as designed. The objective lens is one of the most crucial parts of the imaging pathway. Any deterioration
and/or aberration(s) resulting from the objective lens is propagated along the light
path and cannot be compensated for downstream. It is therefore imperative that
the objective lens in use is adequately tested by examining the PSF at the time
of purchase and then on a routine bases. The PSF measured with subresolution microspheres (see Section 7.2.1) will provide information on the system resolution,
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FIGURE 7.4
X–Y and X–Z and Y–Y orthogonal views of subresolution (0.17 mm) bead imaged on CLSM
with a 63 1.4 NA lens with 32  zoom. The orthogonal views are typical referred to as the
point-spread function (PSF).

and the shape of the PSF is a good metric for objective lens quality (Fig. 7.4; see
Section 7.5.1 for further details, Cole et al. (2013)).

7.2.3 QUANTIFYING INTENSITY
In order to accurately measure fluorescence intensities to ascertain relative fluorophore concentrations or levels of protein expression, it is important that CLSM images are collected in a quantitative manner. This includes (1) aspects of the
microscope (laser stability, nonuniform field illumination, setting detector offsets
properly, and avoiding saturation), (2) aspects of the sample (mounting media, coverslip thickness, labeling protocols, and fluorophore stability), and (3) image processing and analysis steps (background intensity corrections).

7.2.3.1 Aspects of the microscope
Laser stability: The need to have a stable illumination system for quantitative imaging is apparent. While laser outputs should be stable to <1% drift after warm-up, the
observed stability is often lower. In addition to instability from lasers themselves,
image intensity instability can result from other microscope subsystems. For example, problems with the detection system (e.g., PMTs), AOTF, stage drift along the
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X-, Y-, or Z-axis, and photobleaching of the test slide can all contribute to poor overall performance (Pawley, 2000; Zucker, 2006; Zucker & Price, 2001). A common
acceptance criteria for illumination stability is <10% variability over the long term
(e.g., 3 h) or <3% variability over the short term (e.g., 5 min) (Stack et al., 2011).
Unfortunately, the failure rate for CLSM lasers is higher than one might expect,
and aside from regular quality control tests, it is unlikely that the microscope users
would suspect a problem. Figure 7.5A shows the intensity of the four lasers, measured by a power meter (X-Cite, model XR2000 + sensor XP750) over a 3-h period
starting 15 min after the lasers were turned on. Three of the lasers were stable, but the
488 nm laser power systematically increased in intensity by more than 15%. If one
carefully measures control samples at the start of the imaging session and then various experimental conditions throughout a 3-h imaging session, they might conclude
that some conditions yielded significantly higher fluorescence intensities when in
reality they were just tracking a systematic increase in the laser power. The authors
of this chapter found three more problem lasers (Fig. 7.5B) on their confocal microscopes, all of them under 5 years old, suggesting that the chance of having a defunct
laser is high. CLSM users can avoid this problem by repeating experiments and routinely measuring control samples at the beginning and the end of microscope imaging sessions (see Section 7.5.2 for further details).
Offsets and saturation: It is important when collecting quantitative fluorescence
that PMT offsets or black levels are set so that no pixels within the image read zero.
Background can be corrected for after the fact by subtracting the average intensity of
a region of interest where there is no sample signal in the image from each pixel. It is
equally important to ensure that the PMT detectors are not saturated with signal, thus
causing a loss of information in the brightest regions of the sample. Most CLSM software programs have image lookup table (LUT) setting so that pixels with zero intensity show up one color (e.g., blue) and saturated pixels another color (e.g., red). When
setting up instrument parameters, these LUTs are useful for ensuring that the intensity data are quantitative.
Nonuniform field illumination: Due to the optical elements in place and the coupling of the light source to the microscope, the illumination intensity across the field
of view of the microscope is rarely uniform. An image of a uniform piece of fluorescent
plastic (see Section 7.2.1) can be collected and this “flat-field” image used to correct
differences in illumination across the image. Some software programs have a module to
do this, but basically, one needs to divide the image of the specimen by the image of the
uniform sample. Care must be taken to do this correction in the same way for all samples to avoid introducing artifacts in the measured image intensities (see Section 7.5.3).

7.2.3.2 Aspects of the sample
7.2.3.2.1 Mounting media
Low-fluorescence mounting media is important. Media containing DAPI is not
recommended as it can give rise to a high green background of fluorescence. Test
hardening mounting media as it can cause some shrinkage of thick samples over time
as it cures.
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FIGURE 7.5
(A) Intensity of the four lasers on a heavily used confocal microscope, starting 15 min after
the lasers were turned on, as measured by a power meter over a 3 h period. (B) Laser
instability was discovered on three more of the author’s confocal microscopes, ranging from
rhythmic fluctuations of 10% magnitude to systematic increases and decreases in power
of as much as 60% of the starting power.

7.3 Interaction and dynamics

7.2.3.2.2 Coverslips
The #1.5 coverslips of 0.170 mm thickness should always be used with highresolution immersion objective lenses as these lenses are specifically corrected
for this thickness. Thinner or thicker coverslips will result in lower-quality images.

7.2.3.2.3 Sample labeling
Antibodies should be validated for their target. In fact, antibody companies have
highly variable standards for testing antibody specificity. Often, antibodies are only
tested for Western blot analysis where the protein is highly denatured and may not be
suitable for immunofluorescence work. Batch to batch variation, nonspecific binding, and reproducibility of labeling protocols can be problematic (see the work of
Rimm et al. for an in-depth review of antibody validation (Bordeaux et al.,
2010)). For quantitative imaging, care must be taken to only look for intensity differences on the order of 50% or higher with antibody staining. This is because polyclonal antibody numbers per target protein can vary dramatically, each antibody has
a variable number of fluorophores on it, and nonspecific binding can vary across and
between samples. Fluorescent proteins have the advantage of having one fluorophore
per protein. However, assure that the monomeric versions of fluorescent proteins are
used (Kredel et al., 2009; Shaner et al., 2004) including monomeric point mutations
(A206K) for the EGFP-derived fluorescent protein constructs (Shaner, Steinbach, &
Tsien, 2005). In addition, expression levels have to be near endogenous levels to
minimize overexpression artifacts. In any case, always minimize incident light intensity to preserve the fluorophore and avoid photobleaching.

7.3 INTERACTION AND DYNAMICS
7.3.1 CROSS TALK
For any experiments that are designed to look at interactions between labeled molecules, cross talk must be corrected for. Excitation cross talk results when two or
more dye molecules are excited by the same wavelength of laser light. So when imaging a green emission dye, it is possible that a red emission dye is also excited.
Emission cross talk is more common and results when fluorophores emit at the same
wavelengths or their emission spectra overlap. The ideal way to get rid of cross talk is
to ensure all fluorophores in the image have similar intensities and then image each
fluorophore sequentially. However, this will not always omit cross talk if there are
both excitation cross talk and emission cross talk between fluorophores. Singlefluorophore controls can be imaged and correction factors can be used to correct
for cross talk. The best way to deal with cross talk is through spectral imaging
and unmixing. This allows the instrument to collect all of the light emitted from
all of the fluorophores increasing sensitivity. Then, spectral unmixing can be used
to determine how much signal in each pixel location was emitted from each fluorophore. Of course, adequate controls must be used to ensure that the unmixing algorithms perform as expected (Cole et al., 2013).
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7.3.2 TIME-LAPSE IMAGING
In order to accurately measure dynamics over time, it is important to apply Nyquist
sampling. If a process is occurring on the minute’s timescale, such as focal adhesion
turnover, then images need to be collected every 20 s in order to accurately measure
adhesion assembly and disassembly rates (Lacoste, Young, & Brown, 2013). For a
slower process such as cell migration, images could be collected every 5 min in order
to track cell movement (depending on the cell type and migration speed). Individual
cells can be tracked using manual, semimanual, or automated software programs.
Track displacements can then be normalized for each cell track by setting the initial
x-, y-position to zero. Track displacement is then calculated relative to the starting
position. These tracking measurements are then plotted as a Rose plot (Fig. 7.6). If
movements are random, then tracks move out in all directions from the plot origin. If
there is any preferred direction such as to a chemotactic gradient, tracks will indicate
that cells are moving preferentially in one direction. Differences in cell speed

FIGURE 7.6
Chinese hamster ovary (CHO) cells expressing paxillin–EGFP were grown on fibronectincoated glass bottom 35 mm dishes and imaged on a Zeiss LSM 710 over time. Cells were
tracked with a semiautomated object tracking module using MetaXpress 5 software
(Molecular Devices, Sunnyvale, CA). Tracks are shown for several cells. Scale bars are 20 mm
and elapsed time is shown in minutes. Rose plots show tracks from mouse mammary
epithelial cells. Tracks were normalized to the initial x,y starting point for each cell and plotted
on a Rose plot. Cells were tracked before and after the addition of a growth factor to the cells.

7.4 Controls: Who needs them?

following growth factor addition are readily apparent from Rose plots. For live-cell
imaging, it is important to minimize light exposure to minimize phototoxicity, minimize the number of fluorescent probes, and keep the sample in a stable environmentally controlled setting on the microscope (Frigault, Lacoste, Swift, & Brown, 2009;
Lacoste et al., 2013).

7.3.3 SPECTRAL IMAGING
In order to use spectral imaging for quantitative microscopy, the instrument must
measure the spectrum accurately and the unmixing algorithm must be tested. In addition, if absolute spectra and spectral shifts are to be measured, then the system must
be carefully calibrated for intensity across the spectrum (Zucker et al., 2007; see
Section 7.5.5 for more details). If the peak intensity of the laser is at 500 nm on
the CLSM, it should also be at 500 nm on a spectrophotometer. Signal unmixing algorithms should also be properly tested and verified (Fig. 7.7; Cole et al., 2013; see
Sections 7.5.5 and 7.5.6 for further details).

7.4 CONTROLS: WHO NEEDS THEM?
Controls might not be the most fun to prepare or to image; however, they are vital to
all experiments. While controls are rarely published, they do provide the foundation
for the quantitative experimental results that are published.

7.4.1 UNLABELED SAMPLE
A sample of unlabeled cells or tissue (processed up to the point of labeling) should
always be imaged with the same settings as the stained samples to ensure data do not
need to be corrected for cellular autofluorescence. As a rule of thumb, autofluorescence should be below 5% of the specific signal for each fluorescent probe and
should not be present in organized structures within the cell. Most cell types will
show some autofluorescence in the perinuclear region of the cell (Broussard,
Rappaz, Webb, & Brown, 2013).

7.4.2 NONSPECIFIC BINDING CONTROLS
For antibody-stained samples, cells stained with just secondary antibodies should be
imaged with the same settings as the stained samples to ensure adequate blocking and
minimal nonspecific antibody staining.

7.4.3 ANTIBODY TITRATION CURVES
For any antibody staining protocol, all primary and secondary antibodies should be
titrated. Quantitative imaging should be used to determine the maximum amount of
fluorescence staining with the minimal amount of antibody. With increasing antibody concentrations, nonspecific binding quickly becomes problematic.
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FIGURE 7.7
Spectral unmixing data summary: (A) overlay image and (B) intensity profile (along white line)
of spectrally separated double orange microsphere with 5.5 mm diameter core (center)
and 0.5 mm diameter ring (outer ring). The smaller double arrow in (B) shows the ring full
width at half maximum (FWHM); The longer double arrow in (B) shows the core FWHM. (C)
Same bead as in (A) but the algorithm gave poor quality unmixing where pixels in the core
were incorrectly assigned to both dyes. (E): Overlay image of saturated intensity bead data
and (F) intensity profile.
Adapted from Cole et al. (2013).

7.4.4 ISOTYPE CONTROLS
For any antibody staining protocol, samples should be prepared and imaged in parallel with isotype control antibodies matched to each primary antibody’s host species
and isotype. The same antibody concentration should be used for the primary antibody and the isotype control.

7.5 Protocols

7.4.5 BLIND IMAGING
Samples should be prepared and labeled by one person and imaged blind by another
to avoid systematic bias in choosing cells to image and quantify. Alternatively, the
entire slide or a very large area of the slide could be imaged and quantified rather than
cells that are handpicked for imaging by one person.

7.4.6 FLUORESCENT PROTEINS
When working with expressed fluorescent protein constructs, they should be
expressed as close to endogenous levels as possible. Endogenous proteins can
be knocked down using RNAi techniques and then fluorescent protein constructs
expressed at endogenous levels. Alternatively, fluorescent proteins of interest
can be expressed and studied in cell lines that have low or no expression of the protein of interest. For example, express a neuronal-specific protein in a non-neuronal
cell line. Fluorescent protein localization should be verified by antibody staining of
endogenous proteins, and cellular behavior (e.g., migration, division, and propagation) with and without the expression of fluorescent proteins should be compared
to ensure that there are no secondary effects of the protein expression.

7.4.7 FLAT-FIELD IMAGES
It is always advisable to take flat-field images of fluorescent plastic slides at the same
zoom and resolution as sample images.

7.4.8 BIOLOGICAL CONTROL SAMPLES
It is useful to collect images of biological control slides at the beginning and end
of every imaging session. These images can identify problems with the instrument such as laser power changes over time, they provide an internal control
in the dataset, and they can be used as a control between imaging sessions if
instrument settings are changed (e.g., new light source or an system alignment
service call).

7.5 PROTOCOLS
7.5.1 PROTOCOL 1: MEASURING INSTRUMENT PSF (RESOLUTION
AND OBJECTIVE LENS QUALITY)
Imaging
• Prepare a slide of subresolution microspheres (0.175 mm for  0.6 NA lens or
0.5 mm for 0.6 NA lens; see Section 7.2.1).
• Turn on the microscope and allow the laser to warm up for 1 h.
• Ensure that all DIC optical elements are removed from the light path.
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•
•
•

•
•
•
•

•
•
•
•

•
•

•

•
•

Clean the objective lens.
If the lens has a correction collar, ensure that it is properly adjusted.
If the confocal pinhole is user-adjustable, then use a green fluorescent plastic
slide to align it. If it is not user-adjustable, ensure it is aligned regularly by the
company service engineer.
Set the confocal up to image a green dye (e.g., FITC or EGFP).
Focus on the microsphere sample.
Set up the confocal light path for imaging a green dye.
Set the image acquisition to a scan of 1024  1024 pixels at a moderate scan
speed (pixel dwell time of 5–25 ms per pixel). For optimal intensity information,
it is best to collect 12-bit or higher images. Line or frame averaging can be used to
reduce pixel noise.
Set the instrument for unidirectional scanning, not bidirectional or raster
scanning.
Zoom in on the microspheres at the center of the field of view for the best PSF
characterization.
Set the PMT detector offset so that no pixel within the image reads zero
intensity units.
Adjust the PMT detector gain and laser power so that the average microsphere
intensity is approximately 75% of the maximum image intensity (190 for an
8-bit image and 3000 for a 12-bit image). Choose the 488 nm laser line and start
with a laser power of 0.5%.
Set the pinhole to 1 AU.
Crop, zoom, or use a region of interest to choose a single microsphere.
Collect images with the proper sampling frequencies in x, y, and z. In order to
accurately measure the PSF, the pixel size needs to be 3  smaller than the
theoretical resolution of the objective lens.
A high S/N ratio is helpful for visualizing and interpreting the PSF; therefore,
lower detector gain and higher laser power settings than typically used for
imaging biological samples may be required.
Avoid imaging brighter spots that correspond to aggregates of microspheres.
Collect data for at least five individual microspheres.

Data analysis
Open the z-stack data files in Fiji and use the MetroloJ plug-in to analyze the PSF
data. Fiji is freely available and is updated regularly. It can be downloaded at
http://fiji.sc/fiji. A report will be generated that shows the lateral and axial
views of the microsphere. A summary table in the report gives the theoretical
resolution of the lens and the resolution calculated along the x-, y-, and z-axes.
Plots of the intensity data from a line through the center of the microsphere
along the x-, y-, and z-axes with the curve fitting and the fitting statics are
also included in the report. The shape of the PSF should be symmetric in xy, xz,
and yz (Cole et al., 2013).

7.5 Protocols

7.5.2 PROTOCOL 2: TESTING SHORT-TERM AND LONG-TERM LASER
POWER STABILITY
These tests are designed to measure the stability of the complete illumination system.
The long-term test is meant to verify the stability of the laser during a single imaging
session with multiple samples. The short-term test is meant to verify the stability of
the laser during the collection of a short time series or a z-stack of images.
Slide
• Fluorescent plastic slides (see Section 7.2.1).
Data Collection
• Ideally, the laser(s) or illumination source should be warmed up for a minimum of 1 h.
• Image the fluorescent plastic slide with a 10  or 20  microscope objective
lens and relatively low laser power to avoid photobleaching. The red slide is the
best choice since it will fluoresce following excitation from most laser lines
(largest excitation/emission range).
• Focus on a scratch on the surface of the slide, and then focus  20 mm into the
slide.
• Set the detector gain and offset of each PMT detector in a similar manner as for
the PSF measurements in Protocol 1.
• Collect images every 30 s for 3 h (long-term stability) or every 0.5 s for 5 min
(short-term stability).
Data Analysis
• Measure the intensity of a region of interest within each image in the time series.
• Determine the percent variability in intensity for each laser line and ensure it
is within the test criteria of 10% for long-term stability and 3% for short-term
stability.

7.5.3 PROTOCOL 3: CORRECT NONUNIFORM FIELD ILLUMINATION
Slide
• Fluorescent plastic slides (see Section 7.2.1).
Data Collection
• Take an image of a uniform fluorescent plastic slide using the same objective lens
and resolution as used for the specimen. Use a slower scan speed and line or frame
averaging to maximize S/N.
Data Analysis
• Use a low-pass filter to smooth the image of the specimen and the image of the
plastic slide.
• Record the maximum intensity of the specimen image and the plastic slide image.
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•

•
•
•
•

Calculate a normalization factor for the original specimen and the plastic
slide image by taking the maximum image intensity and dividing by 1000 (e.g.,
if the maximum intensity is 2540, then divide the image by 2.540).
Normalize the images by dividing the original specimen image (not filtered) and
filtered plastic slide image by their respective normalization factors.
Divide the normalized specimen image by the normalized plastic slide image.
Readjust the intensity of the sample image by multiplying the corrected specimen
image by its normalization factor.
Repeat this process for all images in the dataset to correct for nonuniform
illumination.

7.5.4 PROTOCOL 4: COREGISTRATION OF TETRASPECK BEADS
Slide
• 4.0 mm TetraSpeck beads (blue, green orange, and dark red; see Section 7.2.1).
Data Collection
• Use a high NA (>1.2) objective lens.
• Choose a small pixel size. Typically, a zoom factor of 10 is required.
• Use a standard multicolor image acquisition setup.
• Collect a z-stack series of images using sequential scans of two or more dyes.
Data Analysis
• Crop datasets of single bead z-stacks.
• Using a line scan function, plot the intensity across the bead for each slice in the
z-stack of images.
• Determine the brightest in-focus slice. Ideally, this should be the same z-position
for all dyes.
• Use the ImageJ measurement function to determine the center of mass for the
in-focus slice for all of the dye images.
• Determine the displacement among the different detection channels.
• Perform this on at least five different microspheres to separate out any aberrant
beads.

7.5.5 PROTOCOL 5: SPECTRAL ACCURACY
Slides
• Mirror slide prepared by depositing a 1 mm thick gold layer onto cleaned #1.5
coverslips (see Section 7.2.1).
• Coverslip is then mounted with the gold surface down onto standard microscope
slides with 8 ml of ProLong® Gold.
Data Collection
• Turn on the microscope and ideally let the laser to warm up for 1 h.

7.5 Protocols

•
•
•
•
•
•

•

Image the mirror slide using a 10 lens.
Spectral (i.e., lambda) detection settings are chosen and the wavelength range set
to detect the range of lasers on the system (e.g., 440–650 nm for a 488 laser).
Set the spectral resolution to the highest resolution achievable.
Images of 128  128 pixels are collected.
The detector gain is set to 200–400.
The laser power for each laser line is set to give a pixel intensity of 75% of
the PMT saturation. A range indicator LUT is used to verify that no pixels are
reading zero intensity or saturating intensity gray levels.
A lambda stack of images is collected using these settings.

Data Analysis
• The image intensity is measured as a function of wavelength. Each intensity peak
should match the laser line wavelength and the FWHM should match the spectral
resolution of the CLSM.

7.5.6 PROTOCOL 6: SPECTRAL UNMIXING ALGORITHM ACCURACY
The algorithms and separation routines that perform the mathematical differentiation
are often poorly understood and not corroborated (Garini et al., 2006). The selection
of the specific routine and the setting of their associated parameters are critical to
produce aberrant-free high-quality separation. The protocol in the succeeding text
abrogates the need for additional complex hardware and should facilitate the implementation of such tests in core facilities.
Slide
• Double-orange 6 mm fluorescent microspheres (FocalCheck™, Cat# F-36906,
Life Technologies, Grand Island, NY) were used. These microspheres are
composed of two fluorescent materials, an outer shell (0.5 mm thick) excitation/
emission of 532/552 nm, and an inner core (5.5 mm diameter) excitation/
emission of 545/565 nm. Although they appeared to be the same color by eye,
they can be resolved and separated by spectral linear unmixing techniques but
not by standard optical techniques.
Depending on the microscope design, it may be possible to perform one or both of the
methods in the following text.

7.5.6.1 Channel (Multi-PMT) method
This method works best when the dyes are spatially separated:
•
•
•
•
•

Turn on the microscope and ideally allow the laser to warm up for 1 h.
Configure as many PMTs as possible to cover the spectral range from 520 to
595 nm.
Collect the spectra of both fluorophores, that is, shell and core.
Hold the gain and offset constant for all PMTs.
Image the microspheres using the 514 nm or equivalent laser.
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•
•
•

Set a pixel size of 13 nm.
With a  20 objective, focus to the center of a microsphere. The maximum
diameter can be used as a metric for the center of the bead.
Collect images with a pixel intensity of  75% of saturation. Line or frame
averaging should be used to achieve high S/N images.

7.5.6.2 Separation (Unmixing)
The Channel Dye Separation method uses reference regions from within the image to
identify the distribution coefficients of the fluorochromes based on different channels (PMTs). These regions need to be defined in the specimen in areas where only a
single dye is present, that is, the core and shell. The algorithm then deconstructs the
image, pixel-by-pixel, into the corresponding “separated” channels. In our experience, it was difficult to get “pure” spectra directly from these samples, and artifacts
were seen in the data following the unmixing process. It is most ideal to have independent samples each containing a single dye in order to measure the individual
spectra precisely.

7.5.6.3 Spectral detection method
This method works well when reference spectra from all the fluorophores/dyes being
imaged were known and spectra could be entered into the instrument’s software:
•

•
•
•
•
•

Use a single PMT and slit detector to capture the emission spectra from both the
core and shell. “Alternatively, certain microscopes have a dedicated detector
array specifically designed for this purpose.”
Set a pixel size of 13 nm.
Set the lambda step size as small as possible (3–10 nm).
Focus to the approximate center of the microsphere, using the maximum diameter
as a metric.
Collect images with a pixel intensity of 75% of saturation. Line or frame
averaging can be used to achieve high S/N images.
Collect a lambda stack series from 520 to 595 nm in order to collect both shell and
core fluorophore spectra.

The spectral data for the core and the shell can be found at http://www.abrf.org/
ResearchGroups/LightMicroscopyResearchGroup/Protocols/orangebeadcenteremission.
txt and http://www.abrf.org/ResearchGroups/LightMicroscopyResearchGroup/Pro
tocols/orangebeadringemission.txt. If it is not possible to import the provided
spectral data and an “automatic” unmixing algorithm exists, then it should be used.
The algorithms deconstructed the images pixel-by-pixel into the corresponding
“separated” channels by assigning a percentage of the intensity of each dye to
each pixel. The accuracy of the unmixing results can be assessed by comparing
the ratio of the core FWHM to the ring FWHM with the expected ratio being
5.5/0.5 ¼ 11.

References

CONCLUSIONS
While the confocal microscope is a powerful quantitative tool, it should not be
viewed as a “black box.” Instead, both the microscope and the sample need to be
approached with a stepwise analytic approach. Starting with, is the CLSM the appropriate microscope to use based on the sample and the hypothesis being tested? Next,
is the microscope operating as designed, that is, are the objective lens, illumination
system, and detection system within specification? On the majority of nonimaging
analytic instruments, running standards before experiments is the norm, why not on
imaging systems? It is probably due to the slow evolution from a microscope composed of a simple lens and light source, combined with the mistaken belief held by
some microscopists that simply looking at the image from today’s imaging systems is
an adequate test of the microscope’s performance and the fact that systems were traditionally designed to take a pretty picture.
Sample preparation and control samples are equally important when performing
quantitative imaging and analysis. This starts with the choice of fluorophore, which
again should be based on the question(s) being asked. There is an ever-increasing
selection of both antibody and transgenics allowing for increased multiplexing.
The BrainBow project (Card et al., 2011) is an example of extreme multiplexing
to track axons and dendrites over long distances. However, with the increased number of fluorophores within the sample comes an increased need for controls to check
for cross-reactions. In addition to those controls, the standard ones also need to be
performed.
Finally, collecting quantitative images (e.g., offset and avoiding saturation) and
performing image processing and analysis (e.g., background and flat-field corrections) in a way that maintains the quantitative nature of the data are imperative.
We now have the tools within our toolbox to ask and answer the “big” picture
questions and truly bring the benchtop side mantra to reality. The microscopes
are now producing large volumes of data at higher resolutions than ever before.
The key is to maintain the validity of that data.
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